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Al molar ratio of 2:1 was titrated with 0.1 M NaOH solution to
approximately pH 9.5 under an N, atmosphere and aged for 24 h with
vigorous stirring. The resulting white precipitate was collected by cen-
trifugation and washed thoroughly with decarbonated water. The
DNA-LDH hybrid was then prepared by intercalating double-
stranded DNA into the interlayer space of the pristine LDH by an
anion-exchange route. The DNA solution (2.6 mgmL™) was added to
the LDH suspension (1 mgmL™) and mixed together in a shaking
incubator for 7 days at 65°C. The resulting DNA-LDH hybrid was
collected by centrifugation and washed with decarbonated water. For
the preparation of PEO-coated DNA-LDH hybrid, 0.05 g of the
DNA-LDH hybrid was dispersed in 50 mL of EtOH, and 50 mL of
0.5 % PEO-EtOH solution was added. After 30 min the PEO-coated
DNA-LDH hybrid was washed with EtOH and then dried.

Preparation of PPY-MAG Hybrid: The MAG (maghemite) nano-
particles were prepared by the method of Massart et al. [15,16].
FeCls-6H,O (44.74 g) and FeCl,-4H,0 (16.45 g) with an Fe**/Fe’" ra-
tio of 0.5 were dissolved in deionized water, and heated to 50°C.
Then, 150 mL of 8.6 M NH,OH solution was quickly added to the so-
lution with vigorous mechanical stirring. The precipitated magnetite
(Fe30,) was washed with deionized water and acetone, and magneti-
cally decanted to remove the chloride ions and other non-magnetic
impurities. The obtained magnetite was easily oxidized to maghemite
as follows [13,17]. The magnetite (18 g) was treated with 2 M nitric
acid solution for 15 min and 300 mL of aqueous 0.33 M iron(in) ni-
trate solution was then added. The resulting mixture was then boiled
for another 15 min. The resulting maghemite particles were washed
and dried in vacuo for subsequent polypyrrole coating. 1.7 g of mag-
hemite was dispersed in liquid pyrrole for 30 min, and excess pyrrole
was removed by magnetic decantation. This maghemite/pyrrole mix-
ture was added to 200 mL of 0.15 M FeCls/EtOH solution with stir-
ring for 30 min to polymerize the surface pyrrole. Finally, the PPY/y-
Fe,O; nanohybrids were washed with ethanol, separated by magnetic
decantation, and dried in vacuo.

DNA Stability Test under Enzyme Conditions: 96 units of DNase I
(purchased from Sigma) was added to the DNA-LDH hybrid (15 pg)
mixed with Ca?*/Mg”* ions and incubated at 37 °C. After 2 h, the acti-
vation of DNase I was stopped by heating to 75 °C for 30 min. The
hybrid was then washed with decarbonated water. For the recovery of
DNA from the hybrid, both the as-prepared DNA-LDH hybrid and
the DNase I treated sample were acidified to a pH of about 2 with
0.01 M HCl solution for 30 min. The extracted DNA strands were am-
plified by PCR. Typical PCR was performed in 25 pL. PCR buffer
containing 200 uM of dNTPs (deoxynucleoside triphosphates),
0.2 uM of forward primer (AGGGT CGAAG TACGG AATAC),
0.2 uM of reverse primer (GTCCG GAGCA CTCCG CTCCG) and
1 U of Taq polymerase (Nova-taq, Genenmed). Thermocycling was at
95 °C for 10 min followed by 35 cycles of 95 °C for 30 s, 60 °C for 30 s,
72 °C for 30 s, and then 72 °C for 10 min.
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Membrane Photolithography:
Direct Micropatterning and
Manipulation of Fluid Phospholipid
Membranes in the Aqueous Phase
Using Deep-UV Light**

By Chanel K. Yee, Meri L. Amweg,
and Atul N. Parikh*

Surface patterning of physical, chemical, and biological
functions using standard photolithographic methods in the
dry solid state is leading to new high throughput approaches
in materials synthesis,!! sensor microarrays,? genomics,!
drug screening,*! and proteomics.”! Extending this strategy to
fluidic biomembrane functions that require cooperative
dynamics and wet environments is desirable in order to under-
stand, emulate, pattern, and exploit many functions of cell
membranes for fundamental biophysical research(®” as well
as many biomedical and sensing technologies.™”) Here, we
present a wet photolithographic route for micropatterning
fluid phospholipid bilayers''”! in which spatially directed illu-
mination with deep-ultraviolet (UV) radiation results in
highly localized photodecomposition of the exposed lipids.
Unexposed lipids retain their material fluidity and exhibit
bio-specific recognitions inhibiting non-specific interactions.
Using this method, we can directly engineer stable patterns of
hydrophilic voids (with dimensions >2 um) within a fluid
membrane. Furthermore, the voids can be refilled by fusion of
secondary lipid vesicles, establishing contiguity with the
existing membrane, or creating long-lived, metastably phase-
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separated states, thereby providing a synthetic means for
probing two-dimensional (2D) reaction—diffusion processes,
manipulating membrane compositions, and designing func-
tional membrane arrays.

Previously, micropatterning of supported bilayer lipid mem-
branes (sBLMs) has been achieved by two broad classes of
method. First, a class of indirect multistep methods has been
reported that uses pre-patterned substrates to present chemi-
cal and/or electrostatic barriers to membrane formation!'*?"!
or to allow lift-off."!! Patterns of barrier materials are depos-
ited using controlled deposition techniques including photoli-
thography, electron-beam (e-beam) lithography, and micro-
contact printing.[w’lz] Barrier materials have included metals
and metal oxides, photoresists, proteins, and photopolymer-
ized lipids,m] but simple mechanical scratches!'*! have also
proved useful ™'’ Second, applications of polymeric
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stamps[zo'm for direct patterned deposition or removal have
also been used. However, several limitations persist. The
methods requiring substrate pre-patterning depend on the
prior deposition of exogenous materials on the substrate sur-
face and form single, permanent patterns. Methods based on
polymer stamps require separate optimization of the contact
time and associated contact pressure for different lipid com-
positions. Moreover, none of these methods can be extended
easily to non-planar substrates (e.g., microspheres).

We have developed a simple, light-directed method for di-
rect patterning of sSBLMs. The method relies on the spatially
directed illumination of sSBLMs by deep UV light. The pattern
of exposure to light through a mask, or potentially by other
spatially addressable means, determines the relief pattern
generated within the bilayer. The general procedure that was
used is schematically shown in Figure 1. The process begins

B
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Figure 1. Direct patterning of void arrays within bilayer membranes using deep-UV photolithography. A) A schematic diagram of the key process steps.

B) A typical epifluorescence image of the void arrays (100 um x 100 um) obtained using deep UV photolithography within an POPC bilayer membrane

supported on a hydrophilic cover glass. C) Spatially resolved ATR-FTIR microscopy spectra in the acyl-chain vibrational mode region (27503050 cm™)

corresponding to the UV-illuminated and masked bilayer regions revealing the presence and absence of the vibrational mode absorptions due to meth-
ylene and methyl groups in lipid molecules. D) Two frames from time-lapse epifluorescence imaging (t=0 and t=9 min) revealing the fluorescence

photobleach recovery for a spot in the vicinity of a void. The rate of recovery confirms the quantitative preservation of probe mobility in the unexposed

membrane bilayer.
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with the preparation of continuous sBLMs on a hydrophilic
surface (e.g., glass or a silicon wafer with a native oxide over-
layer). We prepared fluid bilayers of 1-palmitoyl-2-oleoyl-sn-
glycero-3-phosphocholine (POPC) by adapting previously
published methods.'"! To enable fluorescence measurements,
vesicles were doped with appropriate concentrations of la-
beled lipids (for details, see the Experimental section). Next,
a lithographically produced mask consisting of an array of UV
opaque elements (5-1000 um wide raised 100 nm CrO, fea-
tures) over a UV transparent quartz was brought in gentle
contact with the sBLMs. Deep-UV light in the 184-257 nm
range, produced by a low- to medium-pressure Hg lamp
housed in a fused quartz envelope, is then directed through
the mask at the bilayer samples, which are submerged in phos-
phate buffered saline (PBS), for ~5-20 min. Upon separation
of the mask from the sample under the buffer, high-fidelity
patterns of sBLMs comprising intact bilayer regions in the
UV-protected areas and lipid-free void regions in the UV-ex-
posed areas were obtained.

Central evidence for the formation of bilayer patterns was
provided by the data shown in Figure 1. Optically defined
transfer of the mask pattern onto the bilayer is evident in the
epifluorescence emission seen in Figure 1B. The data shows a
high-contrast fluorescent pattern revealing dark squares, indi-
cating regions devoid of fluorescence emission where UV
illumination occurred, separated by bright fluorescent back-
ground, corresponding to the protected areas, where the bi-
layer remains. The patterned sBLMs are stable under aqueous
media for several days. A comparison of the attenuated total
reflection Fourier transform infrared (ATR-FTIR) microsco-
py spectra (Fig. 1C) for the dark and bright fluorescent re-
gions reveals the absence of methylene C-H stretching mode
absorptions (~2852 and ~2922 cm™, respectively®) in the
UV-illuminated (dark) regions, confirming that the dark re-
gions indeed correspond to lipid-free voids. Fluorescence
photobleach recovery®! (Fig. 1D) indicated that the lipid
bilayer in the UV-protected areas retains its fluidity, charac-
terized by a persistent single translational diffusion coefficient
(1-3 um?s™) for probe lipids®! with little measurable immo-
bile fraction and no diffusion into the voids.

Repeated patterns with feature definitions as small as 2 um,
visualized using epifluorescence measurements, were found to
cover large sample areas, and were only limited by the size of
the mask or the substrate. The limiting sizes and densities of
patterning were not known, but several factors, including the
localization of photooxidation process, fluidity of the bilayer,
any expansion at the newly formed lipid front,”" and the dif-
fraction limit of light, are expected to have limiting effects.
Typically, the sizes and shapes of the lipid patterns were com-
parable replicas of the mask pattern but revealed systematic
rounding off at the corners. Using this approach, we can cre-
ate both patterns of voids and isolated membrane islands.

Two well-known processes appear to underscore the mecha-
nism of membrane photolithography. The first is spatially
confined photochemical degradation of lipid molecules in the
UV-exposed areas. The Hg lamps used in the present study
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produce two wavelengths that are absorbed by the material
system (lipids and water), 184.9 and 253.7 nm. The shorter
wavelength, 184.9 nm, is absorbed by O,, producing two
strong oxidants, namely ozone (O3) and singlet molecular
oxygen ('0,*), locally in the vicinity of illuminated regions.
The 253.7 nm light is absorbed by the lipids, producing acti-
vated molecular species. These species are then readily at-
tacked by !0O,* and O; to form soluble compounds such as
CO,, H,0, Ny, etc. which dissolve in the aqueous phase. This
process has long been used in waste-water treatment,® clean-
ing of semiconductor surfaces,”®! and patterning of molecular
monolayers.”’) Recently Holden and Cremer!®®! exploited spa-
tially defined production of singlet oxygen during dye photo-
bleaching to pattern dye-labeled molecules and proteins at
surfaces. In the present case, the high spatial localization
further suggests that the lateral diffusion of individual lipids
within the fluid bilayer must be interrupted at an early stage
during the photochemical process. Any partially oxidized spe-
cies that may have diffused within the protected membrane
appear not to alter its properties. The second process involves
the self-confinement of the unexposed fluid bilayers. The lat-
erally selective removal of lipid molecules leads to the crea-
tion of an energetically unfavorable interface, exposing hydro-
phobic lipid chains to the aqueous medium at the boundary
(Fig. 1A). It appears reasonable that the borders, following
any edge expansion, shield the hydrophobic chains from the
aqueous ambient through reorganization of the lipids during
spreading[24] into hemi-micelles (Fig. 1A), as observed at the
diffusive lipid front.

A useful feature of our approach is that the void pattern
within the sSBLMs can be refilled by subsequent exposure to
“secondary” phospholipid vesicles. When the same lipids are
used as secondary vesicles, the membrane patterns can be
gradually erased, providing insight into mechanisms of vesicle
fusion and spreading. On the other hand, the addition of dif-
ferent lipid types provides a means to manipulate bilayer
composition (e.g., spatially controlled insertion, dilution, and
localization of desired lipids), study lipid-lipid interdiffusion
in 2D bilayer environments, and design long-lived, non-equi-
librium mixed lipid phases. In one experiment, we exposed
the patterned sBLMs to vesicles of same lipids (with no
fluorescent probe-labeled lipids). The lipid was POPC and the
initial patterned bilayer was doped with 1 mol-% Texas
Red 1,2-dihexadeconoyl-sn-glycero-3-phosphoethanolamine
triethylammonium salt (TR-DHPE). The time-lapse images
in Figure 2B reveal that several minutes after the incubation,
the initial non-fluorescent voids acquired fluorescence from
the background. An analysis of the time-lapse images reveal
gradual pattern transformations, consistent with random
Brownian motion of the labeled lipids, ultimately eliminating
the fluorescence pattern. The kinetic pattern erasure curves
were comparable to the fluorescence recovery curves (see
above). These observations indicate that the incoming second-
ary vesicles must target voids in the bilayer pattern forming
non-fluorescent bilayer and become contiguous with the exist-
ing fluorescent bilayer through the bilayer-bilayer fusion,
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Figure 2. Accessibility of void patterns for secondary backfilling. A) A cartoon representation of the process. B) Time-lapse epifluorescence images at
arbitrary intervals upon secondary incubation revealing the kinetics of the pattern erasure process. The primary pattern was obtained by membrane
photolithography of a TR-DHPE doped POPC bilayer and the secondary backfilling used pure POPC vesicles.

leading to a rate-determining thermal diffusion step
(Fig. 2A).

In another experiment, with secondary vesicles containing a
lipid mixture believed to represent typical composition of
lipid rafts® (e.g., 37 % POPC, 30 % cholesterol, 28 % sphin-
gomyelin, 2% GMI1 [ganglioside (brain, ovine-ammonium
salt)], and 3% NBD-PE [1-oleoyl-2-[6-[(7-nitro-2-1,3-ben-
zoxadiazol-4-yl)amino]hexanoyl]-sn-glycero-3-phosphoetha-
nolamine]), no diffusion of labeled species (NBD-PE or
TR-DHPE) across the patterned features occurred for several
days. This observation suggests the possibility that raft-like
domains (and their aggregates) can be engineered at pre-de-
fined locations within a fluid sBLM background.

Another useful feature of the membrane lithography and
backfilling is the provision of well-defined arrays of reaction
compartments within the membrane. To illustrate this, we
introduced a secondary lipid-mixture containing 1,2-dimyris-
toyl-sn-glycero-3-phosphocholine (DMPC) lipids doped
with 1 % N-(biotinoyl)-1,2-dihexadecanoyl-sn-gylcero-3-phos-
phoethanolamine, triethyl ammonium salt (biotin-DHPE)
into the void patterns created in POPC bilayer. By immedi-
ately exposing the fresh, unequilibrated mixed lipid surface to
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fluorescein labeled streptavidin (FITC-streptavidin), we cre-
ated patches of 2D streptavidin crystals®”! (Fig. 3). Streptavi-
din patches can be further functionalized using biotinylated
species.

In summary, a wet membrane photolithography approach
involving spatially directed photodegradation of bilayer lipids
using patterned deep-UV illumination is a simple, inexpensive
procedure that enables creation of optically defined patterns
of fluid bilayers submerged in the aqueous phase. It extends
into the aqueous phase popular methods of light-directed syn-
theses for designing peptides or DNA sequences on planar
supports in the dry state.’! The void “barriers” separating the
lipid bilayers in this technique are accessible for secondary in-
tercalation by distinct lipids whose approach to equilibrium
can be monitored, and the physical basis of membrane hetero-
geneity can be studied. Moreover, spatially directed insertion
of stable functional membrane microenvironments and pro-
tein-binding sites is possible. In conjunction with multiple
patterning and backfilling cycles, new constructs can be envis-
aged for high throughput proteomics, membrane—protein
arrays, biosensors, and spatially directed, aqueous-phase
materials synthesis.
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Figure 3. Streptavidin arrays. False-color epifluorescence images in a) red, b) green, and c) two-color channels for a FITC-streptavidin arrays within a

Texas-Red labeled fluid POPC bilayer.

Experimental

1-Palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine  (POPC) and
1,2-dimyristoyl-sn-glycero-3-phosphocholine (DMPC) were obtained
from Avanti Polar Lipids (Alabaster, AL). Texas Red 1,2-dihexa-
decanoyl-sn-glycero-3-phosphoethanolamine triethylammonium salt
(TR-DHPE), N-(biotinoyl)-1,2-dihexadecanoyl-sn-gylcero-3-phos-
phoethanolamine, triethyl ammonium salt (biotin-DHPE), and fluo-
rescein-labeled streptavidin (FITC-streptavidin) were obtained from
Molecular Probes (Eugene, OR). Cholesterol (CH) and sphingomyelin
were purchased from Sigma Aldrich (Milwaukee, WI).

Supported phospholipid bilayers were formed using a previously re-
ported vesicle fusion and rupture method [31]. Briefly, small unilamel-
lar vesicles (SUVs) were prepared using vesicle extrusion methods.
Typically, a desired amount of lipid or lipid mixtures suspended in
chloroform were mixed in a glass vial. The solvent was then evaporat-
ed under a stream of nitrogen and subsequently evacuated for at least
1 h in vacuum. The dried lipid mixture was then suspended in Milli-
pore water (18.2 MQ cm™ resistivity) and kept at 4 °C overnight. The
hydrated aqueous solution was then sonicated and passed through an
Avanti Mini-Extruder (Avanti, Alabaster, AL) using 0.1 um polycar-
bonate membrane filters (Avanti, Alabaster, AL) 21 times at the de-
sired temperature. The extruded SUV solution was then diluted with
PBS (spreading solution) to 1:1 (v/v). The resulted SUV solutions
were stored at 4 °C until use.

Silicon and Corning cover glass substrates prepared for bilayer de-
positions by immersion in a freshly prepared 4:1 (v/v) mixture of sul-
furic acid and hydrogen peroxide maintained at ~90 °C for a period of
5-10 min (caution: this mixture reacts violently with organic materials
and must be handled with extreme care). The substrates were then
rinsed with copious amounts of Millipore water. Bilayer samples were
prepared by placing a clean substrate surface over an ~80 uL SUV
drop placed at the bottom of a crystallization well. The sample was al-
lowed to incubate for approximately 5 min to ensure equilibrium cov-
erage. The well was then filled with water, then transferred to a large
reservoir of water, and the cover slips shaken gently to remove excess
vesicles. The sBLM samples prepared in this way were then stored in
water or PBS buffer for further use in UV lithography and character-
ization.

Spatially directed deep UV illumination of supported bilayers was
achieved using a physical mask and a deep-UV grid lamp. The masks
displaying patterns of chrome over quartz were obtained from Photo-
science, Inc (Torrance, CA) and UV radiation was produced using a
medium-pressure Hg-discharge grid lamp (10-20 mWcm™, UVP,
Inc., Upland, CA) in a quartz envelope, and maintained in a closed
chamber. While submerged in buffer, the mask was gently lowered
onto the bilayer samples placed in a crystallization dish filled with
PBS. The sample system was then carefully placed in an UV/ozone-
generating environment so that the cover slips were about 0.2-5 mm
away from the light source. The exposure period was approximately

© 2004 WILEY-VCH Verlag GmbH & Co. KGaA, Weinheim

http://www.advmat.de

5-20 min. Following the exposure, the samples were immersed in a
large water bath, the mask was separated from the substrate surface,
and the samples were stored in buffer (or water) for further character-
ization. Samples were subsequently characterized using epifluores-
cence microscopies, including imaging and microscopy-based fluores-
cence photobleach recovery and attenuated total reflection Fourier
transform infrared (ATR-FTIR) spectroscopy in a microscope mode
(Brucker Optics, Germany).
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(Ti,Sn)O,, Solid Solution Self-Aligned
into “Sandwich” Array on Grafted
Modification Collagen Matrix**

By Yong Cao, Yu Ming Zhou,* Yun Shan,
Huang Xian Ju,* Xue Jia Xue, and Zong Han Wu

Monolayer and multilayer films with morphology-controlla-
ble structures are promising for applications in building novel
sensor devices, light-emitting diodes, biomedical coatings, and
in creating organically based nonlinear optical materials.!]
Various approaches, including spin-coating, the Langmuir-
Blodgett technique, electrostatic adsorption of oppositely
charged polyelectrolytes, and covalent attachment of poly-
mers using conventional coupling chemistry, have been used
to produce complex nanostructures and have been developed
for preparing different hybrids with diversified morpholo-
gies.m The general utility of these methods has been further
extended by incorporating nanocrystals into polymer ma-
trices.”’] The versatility and complexity of these polymeric
composites provide new opportunities in the semiconductor,
photovoltaic, and molecular electronic fields.! However, it is
still important to study thin-film preparation in various media
and with a variety of modification agents."!
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MATERIALS

Incorporating metal nanocrystals in biological systems is a
widespread, yet incompletely understood, procedure, involv-
ing complex interactions at the biomacromolecule-metal nu-
cleus interface.’! Studying this process may help us to under-
stand and control the formation of metal nanocrystals in a
generalized peptide—amphiphile chain system. Two major ap-
proaches have been developed to organize metal nanoparti-
cles into polymer substrates.”'?! The first method involves
the self-coding of nanoparticle building blocks that can be
coupled via interparticle connectors with specific recognition
properties based on, for example, DNA duplex formation,”!
antibody-antigen specificity,®! streptavidin-biotin coupling,’!
electrostatic matching,[m] or shape-directed hydrophobic
forces.'!l Another method, the template-directed ap-
proach,[lz] utilizes porous solid substrates or discrete liquid
droplets as patterned or shaped interfaces for the assembly of
preformed nanoparticles. In this process capillary, drying, and
swelling forces, or other chemical interactions, are used to im-
plant, position, and immobilize nanoparticles irreversibly
within the template or around the surface of individual latex
beads pre-coated with a layer-by-layer shell of oppositely
charged polyelectrolyte macromolecules. However, to the
best of our knowledge, there has been no previous example of
incorporating bimetal solid solutions into a biological system
in order to form a well-defined morphology without using any
template or specific recognition interparticle connectors.

Herein, we present a versatile procedure, based on the self-
assembly process, for preparing a large-area nanoscale “sand-
wich” layer array of tailored composition, with a controllable
crystalline phase and defined morphology. The idea for creat-
ing this composite film was stimulated by Yang and Rub-
ner,®! who developed a novel assembly method by using
hydrogen-bonding interactions to fabricate a polyelectrolyte
multilayer film. Differing from their work, we employed a
protein with a unique tertiary structure, collagen—whose
stalks consist of right-handed supercoils of three left-handed
polyproline II-type helices with major sequences of (Gly—
Pro-Hyp),!"*!*)—to design and synthesize an ordered biologi-
cal scaffold, and to control the growth of various metals in an
exact arrangement, with high reproducibility and accuracy, by
using two uniform interactions of both hydrogen bonding and
covalent bonding between the biomatrix and the nanocrys-
tals.') This strategy combines organic modification with met-
al-assisted stabilization of collagenous triple helices in order
to achieve an ordered assembly architecture, which is dis-
tinctly different from the previous methodologies, such as
those used by Koide and co-workers!'"*!”! and Babu and Ga-
nesh, to modify collagen.'”) A model of multiple spatial inter-
actions (covalent bonding and hydrogen bonding) existing in
this system is shown in Scheme 1. These two tethering forces
allow a certain degree of mobility and an enhanced long-term
periodicity. In particular, this synthetic procedure was carried
out without heating or adding any organic surfactant or direc-
tion-guiding agent. The film was formed in an aqueous system
at a relatively low temperature, in a simple and rapid process.
Unlike ordinary Langmuir-Blodgett (LB) films, the prepara-
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